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Rhodospirillum molischianumganisation of the photosynthetic apparatus in Phaeospirillum molischianum, using
biochemical fractionation and functional kinetic measurements. We show that only a fraction of the ATP-
synthase is present in the membrane regions which contain most of the photosynthetic apparatus and that,
despite its complicated stacked structure, the intracytoplasmic membrane delimits a single connected space.
We ﬁnd that the diffusion time required for a quinol released by the reaction centre to reach a cytochrome
bc1 complex is about 260 ms. On the other hand, the reduction of the cytochrome c chain by the cytochrome
bc1 complex in the presence of a reduced quinone pool occurs with a time constant of about 5 ms. The overall
turnover time of the cyclic electron transfer is about 25 ms in vivo under steady-state illumination. The
sluggishness of the quinone shuttle appears to be compensated, at least in part, by the size of the quinone
pool. Together, our results show that P. molischianum contains a photosynthetic system, with a very different
organisation from that found in Rhodobacter sphaeroides, in which quinone/quinol diffusion between the RC
and the cytochrome bc1 is likely to be the rate-limiting factor for cyclic electron transfer.
© 2008 Elsevier B.V. All rights reserved.1. Introduction
Purple photosynthetic bacteria are able to efﬁciently convert light
energy into chemical potential energy via a light driven cyclic electron
transfer pathway. This process requires at least four components: the
reaction centre (RC) containing core complex; the cytochrome bc1
complex; a lipid soluble hydrogen carrier, ubiquinone; and a water
soluble electron carrier, typically a cytochrome c2 [1]. This simple
system is able to use light energy to pump protons across the
membrane from the cytoplasm into the periplasmic space. These
protons can then return through a F1F0-ATP-synthase, driving ATP
synthesis [2]. Such a minimal photosynthetic system is found in several
species of purple bacteria such as R. rubrum or Blastochloris (B.) viridis
[3]. However in many other species, such as R. sphaeroides or Phaeos-
pirillum (P.) molischianum, which we study here, the photosynthetic
apparatus also contains a variable amount of an additional membrane
embedded protein, the peripheral light harvesting complex LH2, or
B800–850 [3]. This complex serves to increase the light collection
efﬁciency of the apparatus, and light energy absorbed by the LH2, is
transferred in the membrane to the LH1 of the core complex.
The function of the purple bacterial photosynthetic apparatus has
been extensively studied, in particular in R. sphaeroides [4]. From these
studies the following general scheme emerges. Light energy collected491712124.
s).
ll rights reserved.by the light harvesting system, LH2 and LH1, is transferred to the
primary electron donor (P) of the RC. Then within the RC the excited
electron donor (P⁎) reduces, through a chain of redox cofactors, the
electron acceptor quinone QB, leaving itself in an oxidised state (P+).
Once the quinone (QB) has been doubly reduced and protonated, from
the cytoplasm, to form the quinol, it is able to escape from the RC and
core complex and diffuse within the membrane to the cytochrome bc1
complex. The dimeric cytochrome bc1 complex then uses a Q-cycle
mechanism [4] to re-oxidise the quinol to quinone while reducing
cytochrome c1 and transferring protons into the periplasmic space.
The oxidised quinone is then able to return to the RC. The electronic
circuit is closed by the cytochrome c2 that transfers through the
periplasmic space the electrons from the cytochrome c1 to the RC. In
some species, such as P. molischianum [5] a tetra-haem cytochrome
subunit is associated with the RC and serves as the direct electron
donor to P+. The soluble cytochrome c2 is in this case interacting with
the tetra-haem rather than directly with the RC.
This process requires functional connectivity between the different
components. In particular, this concerns the transfer of excitation
energy from the LH2 to the core complex, and the quinone shuttling
between the core complex and cytochrome bc1 complex. Moreover it
is important to note that bc1 complex, cytochrome c2, ATP-synthase
and quinone are also used for respiratory electron transfer. The various
components of the photosynthetic apparatus are located in specialised
intra-cytoplasmic membranes (ICM). In many organisms, such as R.
sphaeroides or R. rubrum, small spherical intra-cytoplasmic vesicles
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[6,7]. In P. molischianum like R. photometricum these membranes are
formed from stacked disc-like invaginations of the cytoplasmic
membrane [8].
Recently in a series of articles we, and others [9,10,3], have
described the organisation of the photosynthetic apparatus in several
different photosynthetic bacteria, by using AFM imaging on native and
“near native” membranes. In these images LH2 and core complexes
are observed in very protein dense membranes apparently in contact
with more lipid rich regions [11]. The pair correlation function
calculated between core complexes shows that these are signiﬁcantly
clustered while other relatively large regions of membrane appear to
be devoid of core complexes and contain hexagonally packed LH2, the
quantity of which varies with the growth conditions [12].
The various organisations observed raise a number of important
questions concerning the function and connectivity of the photosyn-
thetic apparatus in purple photosynthetic bacteria. First, where are the
two invisible components, cytochrome bc1 and F1F0-ATP-synthase?
Second, is there a functional connectivity between RC's? Third, how do
the quinones shuttle between the cytochrome bc1 and the RC? Fourth
and ﬁnally, how do the protons travel between the cytochrome bc1
and ATP-synthase?
The canonical apparatus contains the cytochrome bc1 complex and
the F1F0-ATP-synthase. However, these two components though
functionally associated with the apparatus have not been identiﬁed
in any of the membranes imaged by AFM, this despite their sizes, 80 Å
diameter for the cytochrome bc1 dimer [13] and 100 Å diameter for an
undecameric F0 ring or 120 Å height for an attached F1 subunit [14].
Furthermore in the various studies, particularly those of R. photo-
metricum [15], relatively large surface areas imaged at molecular
resolution containing many (up to about 50) RC's in which given the
expected stoichiometry [16] one would expect to have observed both
components.
Connectivity between core complexes has been described as
allowing excitation migration between core complexes [17] and
localised quinone pools [18]. We believe this connectivity increases
efﬁciency under certain conditions. So it seems important to
investigate if the functional connectivity observed between core
complexes is in direct relation with their clustering observed by AFM.
Functional communication between the cytochrome bc1 and RC
might be difﬁcult for two reasons. First, this process might involve
long distance quinone diffusion since the cytochrome bc1 is
apparently not present in the observed membrane surfaces. Second
the membranes are often very protein rich, approaching 75% surface
occupancy in disordered regions [10]. Communication between the RC
and the cytochrome bc1 complex involves several processes: quinol
escape from the core complex, and quinone re-entry; quinone
diffusion through the protein rich membrane; and cytochrome
diffusion through the periplasmic space. Quinol escape from the
core complex has been studied in mutants of R. sphaeroides in which
the polypeptide pufXwas deleted [19]. This results in a closed LH1 ring
around the RC, as observed in P. molischianum instead of the open
dimeric S-shaped structure normally present in R. sphaeroides [20].
The time penalty for quinone/quinol passage across the closed ring in
the mutant was only about 1 ms. This is in agreement with molecular
dynamics simulations [21], and suggests that the passage time of
quinone across the LH1 ring of P. molischianum should be in the ms
range. Restricted diffusionwithin the membrane and quinone transfer
between the RC and cytochrome bc1 has been studied theoretically by
various authors [22–24]. Results suggest that, the reduced diffusion
rates caused by crowding can be partially compensated by the
channelling effect between cytochrome bc1 and RC, resulting from
the exclusion of quinones from LH2 domains [22]. An alternative
solution, apparently adopted by R. sphaeroides, is to remove the
obstacle for diffusion by putting the RC and cytochrome bc1 complexes
physically close to each other [25], for example through the formationof cytochrome bc1 and core-complex aggregates called super-
complexes [26]. However these have not yet been observed.
Here we present a series of measurements made on the
photosynthetic apparatus of the bacterium P. molischianum. We
have concentrated on this apparatus, since this organism has a
membrane organisation very different from that of the more usually
studied species such as R. sphaeroides, and a certain amount of
information is available in the literature. We have obtained
topographs of the organisation of native membranes [10] and the
structures of the LH2 light harvesting complex [27,28] and
cytochrome c′ [29] are known. There is also some functional data.
In the ﬁrst study it was reported that the light-induced membrane
potential causes a blue shift of the carotenoid spectrum, at variance
with the red shift generally observed [30]. The second study showed
that P. molischianum possesses an unusual tetra-haem RC subunit, in
which, unlike that of B. viridis where there are two haems with a
low midpoint potential, there are three low potential haems in P.
molischianum [31].
In an extension of this somewhat limited previous literature, we
have examined the stoichiometry of the various components, and the
functional connectivity between them, measuring some of the critical
transfer times, in order to better understand the functional con-
sequences of the observed organisation, and the compromises that are
made.
2. Materials and methods
P. molischianum was grown anaerobically on modiﬁed Hutner
medium [32] illuminated with a tungsten lamp at moderate light
intensity (∼30 W/m2) and harvested in late-log phase. Cells were
washed two times with 10 mM Tris–HCl, pH 8.0, before being broken
by two passages through a French pressure cell. The cell lysates were
loaded directly onto a 5–60% linear sucrose gradient and centrifuged
for 90 min at 90,000 ×g and fractionated. Fractions were routinely
analysed for bacteriochlorophyll a, light-harvesting complex compo-
sition and protein content.
Bacteriochlorophyll a content was determined in acetone–
methanol–water (7:2:1) extracts using an extinction coefﬁcient at
770 nm of 76 mM−1 cm−1 [33]. The composition of LH2 and core
complexes was determined by spectral deconvolution using puriﬁed
complexes as the references along the lines previously described
[34]. Protein content was determined using the method of Bradford
[35] with BSA as standard. Sucrose concentrations were determined
by ATR-FTIR spectrometry.
Cytochrome bc1 activity was measured using ubiquinol-2 (UQ-
2H2) driven cytochrome c reduction. Brieﬂy, a 10 μl of test fractionwas
added to 1 ml of a solution containing 40 mM NaPO4, 50 μM horse
heart cytochrome c (Sigma, St Louis), 0.5 mM EDTA, 40 μg/ml dodecyl
maltoside (Sigma, St Louis), 2 μg/ml Na azide, and 144 μM UQ-2H2
with or without 6 μM myxothiazol (Sigma, St Louis). Absorption
changes at 551 nm were recorded and converted to activity using
20 mM−1 cm−1 as the reduced-oxidised cytochrome c extinction
coefﬁcient [36]. UQ-2H2 was prepared from Ubiquinone-2 (Sigma, St
Louis) as described by Trumpower and Simmons [37].
F1F0-ATP-synthase content was measured on unsaturated western
blots, revealed with a polyclonal rabbit antibody raised against the
β subunit of the R. rubrum ATP-synthase as primary antibody. This
antibody cross-reacts with the P. molischianum ATP-synthase
β subunit. Blots were revealed with a secondary antibody coupled to
alkaline phosphatase which reacts with 250 μg/ml BCIP. Western blots
were scanned and the intensity was integrated to calculate relative
amounts of ATP-synthase.
Near-IR ﬂuorescence micrographs of exponentially growing cells
embedded in 0.1% agarose were stained with an Axiovert epi-
ﬂuorescence microscope (Zeiss) exciting at 546 nm and detecting
ﬂuorescence through a 590 nm long-pass ﬁlter. Z-stacks containing
Fig. 2. Analysis of P. molischianum membrane fragments following rate-zone fractiona-
tion on sucrose density gradients. After breakage, the cell lysate was placed on 5–60%
linear sucrose density gradients and centrifuged for 90 min at 90,000 ×g in an SW28
rotor. We show the distribution, from top to bottom, of: sucrose, total protein, ATP-
synthase, cytochrome bc1 activity, bacteriochlorophyll a, B850, and B880. The various
analyses were performed as described in Materials and Methods.
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deconvoluted using the Huygens programme from Scientiﬁc Volume
Imaging (Hilversum, Netherlands).
For transmission electron microscopy cells were ﬁxed for 1 h in
0.1 M Na cacodylate pH 7.2, 2.5% glutaraldehyde and washed in 0.1 M
Na cacodylate pH 7.2 prior to staining for 1 h in 2% OsO4. Stained ﬁxed
cells were dehydrated and embedded in epon and cut to 500 Å
sections. Sections were stained with uranyl acetate for 10 min and
then lead citrate for 4 min [38]. To stain the periplasm cells were
treated with 1% TbCl3 [39] during ﬁxing, washing and OsO4 staining.
Sections were observed with a Zeiss EM 109 transmission electron
microscope at 80 kV.
Time resolved spectroscopic measurements were made using a
Joliot-type spectrophotometer [40] and the various spectral measure-
ments were carried out as described by Comayras et al. [18].
Most measurements were made in whole cells since during
membrane preparation the cytochrome c2 is largely lost, impeding
cyclic electron transfer. Those measurements made on membranes
were performed on samples from the major pigmented band (MPB)
observed in sucrose density gradients, identical to those used for the
previously reported AFM observations [10].
3. Results
3.1. Subcellular localisation of the components
The apparent absence of the F1F0-ATP-synthase and cytochrome
bc1 from recent AFM images has raised the question of the localisation
of these components within the cell. The distribution of photosyn-
thetic membrane can be observed within the bacteria, by ﬂuorescence
microscopy on living cells (Fig. 1A) and, at higher resolution by
transmission electron microscopy on ﬁxed stained and sectioned cells
(Fig. 1B). In P. molischianum the ﬂuorescence distribution is relatively
homogeneous suggesting that the photosynthetic apparatus is
distributed evenly along the length of the cell, though several foci of
more intense ﬂuorescence can be detected. This is in contrast to many
other species such as R. rubrum where ﬂuorescence appears to be
much more localised near the poles and on either side of the cell mid-Fig. 1. Intracellular architecture and distribution of the intra-cytoplasmic membranes in
P. molischianum: Panel A: Near-IR ﬂuorescence images of exponentially growing cells
embedded in 0.1% agarose showing the distribution of photosynthetic membranes
within the cell. Excitation 546 nm, emissionN590 nm. Panel B: Transmission electron
micrographs of stained thin sections of Epon embedded P. molischianum showing the
structure and organisation of the intra-cytoplasmic membrane system.line (not shown). In stained sections electron micrographs clearly
show the distribution of photosynthetic membranes in P. molischia-
num as a series of intra-cytoplasmic lamellar stacks within the
cytoplasm that appear to remain close to the cytoplasmic membrane.
This is again in contrast to vesicle forming bacteria such as R. rubrum
in which the intra-cytoplasmic membranes ﬁll the cytoplasm [7].
The standard method for preparing photosynthetic membranes
from purple photosynthetic bacteria is rapid rate-zone centrifugation
on sucrose density gradients following cell breakage [7]. This method
essentially separates sub-cellular components on the basis of size, as
they do not have time (unless very large) to reach sucrose
concentrations sufﬁcient to give a zero buoyant density. We have
fractionated cell lysates using such sucrose gradients following cell
breakage in a French pressure cell and analysed the individual
fractions (Fig. 2). Fractions have been analysed for their composition,
speciﬁcally: sucrose concentration; protein concentration; F1F0-ATP-
synthase content; myxothiazol sensitive ubiquinol-2 cytochrome c
oxido-reductase activity; total bacteriochlorophyll a concentration;
core complex concentration and LH2 concentration.
The bacteriochlorophyll a proﬁle shows a major pigmented band
(MPB) centred at ∼30% sucrose which corresponds to intra-
cytoplasmic membrane fragments previously investigated by AFM
[10]. These fast sedimenting membranes contain the majority of the
bacteriochlorophyll a and considerable amounts of cytochrome bc1
speciﬁc activity (59.3 mmol min−1 mg−1) but little, if any, ATP-
synthase. We believe these membranes correspond to the intracyto-
plasmic discs observed in electron micrographs (Fig. 1B). We can see a
second (upper) pigmented band (SPB) that sediments somewhat
slower, centred near 10% sucrose. This band is less well deﬁned than in
other species, sometimes being broad to the point of merging with the
MPB. Some of these fractions are particularly rich in ATP-synthase.
They again contain a mixture of LH2, core-complexes and cytochrome
bc1 (with an activity of 28.2 mmol min−1 mg−1).
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measurements to estimate the stoichiometry. For the MPB and SPB
one obtains a cytochrome bc1 to RC ratio of about 0.2 and 0.3
respectively. These values are in agreement with spectroscopic
measurements on similar preparations which gave a cytochrome bc1
to reaction centre molar ratio of 0.25 and 0.33 for MPB and SPB
respectively (Nitschke W., unpublished data).
Thus the photosynthetic membranes of P. molischianum contain all
the membrane associated protein components of the photosynthetic
electron transfer apparatus. However the ATP-synthase is present in
different membrane regions. Aminor fraction of this activity appeared
to cosediment with the MPB, while the major fraction was associated
with SPB. The cytochrome bc1 complex is present at a relatively high
level of about 1 cytochrome bc1 dimer for about 6 core complexes in
the SPB and 1 cytochrome bc1 dimer to 8 core complexes in the MPB
examined by AFM.
3.2. Exciton transfer
To examine the connectivity between core complexes, membranes
were diluted into a medium containing 25 mM KCl, 50 mM Tris pH 8,
100 μMNa ascorbate, 2 μMvalinomycin and 2 μMmyxothiazol. A pulse
of light (875 nm,1.5 s duration) caused the oxidation of 100% of P+, and
the various cytochrome donors. The re-reduction of P+ following the
pulse (t1/e∼4.3 s) was recorded by monitoring the absorption change
at 605 nm and the change of ﬂuorescence yield. A correction was
applied to the 605 nm signal to account for a small (5%) contribution of
the oxidised haems, with slower decay. Fig. 3 shows a plot of the
normalized variable ﬂuorescence yieldΦv as a function of the fraction
of P+. The line is a ﬁt with the function Φv=[P+]/(1+ J− J[P+]) [19],
yielding J≈0.61. This value of the connectivity parameter J [42] implies
that when the RC's are closed in the P+ state, the excitation visits on
average J+1=1.6 core complexes. For comparison, in R. sphaeroides
membranes with dimeric core complexes this measure typically gives
J=0.8, whereas the pufX− mutant (monomeric core complexes) gives
J∼0.3 [19]. The present result (J≈0.6) is consistent with the
organisation observed in AFM images, in which 65% of the core
complexes have at least one core complex neighbour. It also suggests
that the connectivity pathway: core→LH2→core plays no signiﬁcant
role while core–core transfer is efﬁcient.
3.3. Electron transport
In order to examine the functional connectivity of the cytochrome
bc1 and RC we have made various measurements of light inducedFig. 3. Connectivity between core complexes in P. molischianum: The fraction of variable
ﬂuorescence was plotted as a function of the fraction of reaction centres in the closed P+
state, as described in the text. The dotted line is the best ﬁt with the hyperbolic function
given in the text.absorption changes. Measurements were made on both isolated
membrane fractions and on live cells. In isolated membranes the
soluble electron donor (cytochrome c2) is partially lost and thus only
single turnover experiments or those employing exogenous electron
donors could bemade. In contrast measurements made onwhole cells
could investigate multiple turnovers but accessibility of the various
complexes to exogenous inhibitors proved to be very limited.
3.4. Cytochrome c oxidation and re-reduction
In Fig. 4A we show the c-type cytochrome oxidation and re-
reduction kinetics generated by a series of saturating ﬂashes in whole
cells under anaerobic conditions. These absorption changes were
followed at 425 nm in the Soret absorption band of the cytochromes.
We did not attempt to resolve the individual contributions of the
different c-type cytochromes, namely the high and low potential
haems belonging to the tetra-haem subunit; the mobile cytochrome
c2; and haem c1 in the bc1 complex. The spectral contributions are
easier to distinguish in the alpha band [5], but the changes in this
region were masked by the electrochromic carotenoid shift. Thus, the
425 nm absorption changes appearing in Fig. 4 (panels A–B) reﬂect
oxidation and reduction of HP haem from the tetra-haem at short
times and c2+c1 at longer times.
When the cells were allowed to consume the oxygen present in the
medium, a sharp transition to an anaerobic state was observed after
∼25 min. In the aerobic state, the reduction of the oxidised
cytochromes produced by a saturating ﬂash was roughly exponential
with t1/e∼7.2 ms. In the anaerobic (dark-adapted) state, the reduction
following the oxidation induced by the ﬁrst ﬂash becomes very slow
(tens of seconds). This reﬂects the reduction in the dark of a low
potential (LP) haem, which is expected to occur when the ambient
redox potential falls below 100mV [5]. Under such conditions, the ﬁrst
ﬂash causes the oxidation of this LP haem, while the cyclic regime
involving electron transfer through the HP haem and cytochrome c2 is
restored on subsequent ﬂashes. The kinetics shown in Fig. 4A were
measured in the anaerobic state under repetitive ﬂashing (with a time
spacing of 2 s between ﬂashes). The reduction is slightly faster than
under aerobic conditions (t1/e=5ms instead of 7.2 ms): an acceleration
of the cytochrome bc1 reaction is expected to result from a more
reduced state of the quinone pool. The slower reduction phase seen in
Fig. 4A corresponds to the small fraction of the reduced LP haem that
was restored during the interval between ﬂashes.
An unexpected ﬁnding was the biphasic cytochrome oxidation
kinetics, involving a large “slow phase” in the tens of μs range, as
described below. In RC's with a tetra-haem subunit, the reduction of P+
by the proximal high potential (HP) haem is usually fast (b1 μs [43]). In
isolated core complexes of P. molischianum, Nagashima et al. [5] found
a t1/e∼3.6 μs for the oxidation by P+ of the HP haem (c558) and
reported no slower phase. In whole cells, as illustrated by Fig. 4A, the
oxidation kinetics include a fast phase, unresolved in our experi-
ments, which is completed at 10 μs (thus possibly corresponding to
the t1/e∼3.6 μs of [5]). However, this phase accounts for only about
one third of the total amplitude, the remainder being due to a slower
phase with t1/e∼22 μs. A biphasic interaction between P and its
electron donors in the tetra-haem was previously observed in B.
viridis, and explained as arising from the membrane potential-
dependent redox equilibrium between P and HP haem [44]. However,
this mechanism may not apply to P. molischianum since the measured
mid-point potentials are about 530mV (P+/P) and 390mV (cyt c558 ox/
red) [5], implying a large equilibrium constant, even at high
membrane potentials. We have veriﬁed that the spectrum of the
absorption changes associated with this second phase was consistent
with the reduction of P+ by a c-type haem. We also found that the
relative amplitudes of the two phases were not modiﬁedwhen using a
sub-saturating ﬂash, thus excluding the occurrence of double
photochemical turnovers. In aerobic conditions, where respiration
Fig. 4. Kinetics of electron transfer in P. molischianum cells: Panel A: kinetics of cytochromes c oxidation and re-reduction in whole cells under anaerobic conditions. A repetitive
ﬂashing regime (with 2 s spacing) was used in order to keep the LP haem oxidised. The ﬂash-induced absorption change at 425 nmwas plotted along a logarithmic time scale. The
oxidation of cytochromes corresponds to an absorption decrease. The dashed line is a three exponential ﬁt. The unresolved initial oxidation phase is followed by a slower oxidation
phase with t1/e≈22 μs. The main recovery phase has t1/e≈5 ms. The slower reduction phase (t1/e≈1 s, accounting for ∼20% of the amplitude) is due to the fraction of LP haem reduced
during the interval between ﬂashes. Panel B: kinetics of cytochrome c re-reduction (425 nm) inwhole anaerobic cells after the extinction (arrow) of a strong continuous illumination
at 875 nm. The dashed line is a ﬁt with two exponentials (t1/e≈23 ms ∼88% and 264 ms ∼12%) and an offset. This offset is due to the very slow re-reduction of the oxidised LP haem.
This ﬁt was used to calculate the initial slope upon turning the light off. Using the 425 nm change caused by a single turnover ﬂash as a calibration for one electron per RC, this slope
indicates the electron current sustained during the steady-state illumination. Panel C: changes in membrane potential of P. molischianum cells followed using the carotenoid band
shift (ΔA489–507 nm), using a logarithmic time scale. The dashed line corresponds to a ﬁt with four components. Following the unresolved initial rise, with t1/e≈12 μs (∼58%) and 6 ms
(∼42%) are found, and decay phases with t1/e≈48 ms (∼92%) and 1 s (∼8%). The inset shows a spectrum of the carotenoid electrochromic response. This was obtained from the
absorption changes measured in anaerobic cells using ﬂashes with a 5 s repeat interval. Under such conditions the changes associated with electron transfer were terminated by
50 ms and the slower decay was due to the carotenoid band-shift (we used the absorption difference between 50 ms and 110 ms to build the spectrum). Panel D: kinetics of bh haem
reduction in isolatedmembranes in the presence of 10 μMantimycin A. This was determined from absorption changes at 561 nm and 569 nm (ΔA561–569) following a pair of saturating
actinic ﬂashes. 100 μM ferrocene was added as an electron donor and redox buffer (see text). The dashed line is a mono-exponential ﬁt with t1/e≈260 ms.
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the slow phase was only slightly larger (at variance with the effect
observed in B. viridis) and its t1/e slower (∼36 μs).
3.5. Cyclic electron transfer rate
The experiment of Fig. 4B was designed to estimate the maximum
steady state rate of the cyclic electron transfer that can be sustained by
P. molischianum cells. The sample was submitted to a saturating
continuous illumination at 875 nm for 3 s, reaching a steady-state
with oxidation of a large fraction of the cytochromes. The reduction
kinetics at 425 nm following the extinction of the continuous light is
shown in Fig. 4B, for an anaerobic sample. The initial slope
corresponds to the electron transfer rate that was sustained during
the illumination. Using the signal induced by a saturating ﬂash for
calibration, we estimate a rate of ∼40 electrons per second per RC(thus a turnover time of ∼25 ms). A very similar ﬁgure was obtained
for samples in the aerobic state, showing that the steady-state ﬂow
does not strongly depend on the number of reducing equivalents
present in the chain.
3.6. Membrane potential changes
As shown by Matsuura and Shimada [30], in P. molischianum the
carotenoid electrochromic band shift induced by the membrane
potential generated by light or respiration corresponds to a blue shift
at variance with the most other LH2-containing photosynthetic
bacteria, where a red shift is observed. Based on the spectrum of
this absorption change (see the inset of Fig. 4C), we used the difference
489–507 nm that, minimizes contributions from P+ or cytochromes.
The kinetics shown in Fig. 4C were obtained in anaerobic condi-
tions under repetitive ﬂashing. A “very fast” unresolved component
Fig. 6. Connectivity of periplasm and photosynthetic membranes in P. molischianum:
Transmission electron micrographs of stained thin sections of P. molischianum showing
the intra-cytoplasmic membrane (ICM) system. Cells were treated during ﬁxing with 1%
Tb Cl3 to stain regions accessible to small ions from the outside. Arrows show Tb3+
aggregation in the periplasm and intra-ICM space of photosynthetic membranes.
Fig. 5. Estimation of the size of the photoreducible quinone pool. The photo-oxidation of
the electron donor TMPD by membrane samples was monitored from the absorption
increase at 564 nm during actinic illumination at 875 nm. In addition to reduced TMPD
(500 μM), the medium contained inhibitors of the bc1 complex (2 μM myxothiazol,
10 μM antimycin A), oxidase inhibitors (15 mM propyl gallate and 500 μM KCN) and
ionophores (2 μMvalinomycin and 2 μMnigericin). Following a fast oxidation phase, the
kinetics display a slower rise with constant rate (the solid line shows its extrapolation).
We ascribe the fast phase to the pool of quinone acceptors (or, at least, to a rapidly
accessible fraction of this pool). Its extent was estimated on an electron per RC basis,
using the change induced by a single turnover ﬂash as a calibration (inset).
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derived from the ﬁt is 11.5 μs, but this is close to or below the
time resolution of the apparatus). A third, “slow” rising phase has
t1/e∼6 ms, thus slightly slower than the reduction of cytochrome
(t1/e∼5 ms). This phase (“phase III” [45]) is clearly due to the
electrogenic activity of the Q-cycle occurring in the bc1 complex,
while the faster phases (I and II in Dutton's nomenclature) are due to
electrogenic events in the RC. When corrected for the truncation
caused by the membrane potential decay (that was ﬁtted by two
exponentials with t1/e of 48 and 1007 ms), the relative amplitude of
phase III with respect to the sum of phases I and II (i.e. full transport of
one elementary charge per RC across the membrane) was about 65%.
The difference with the canonical value of 100% is probably due to the
fraction of RC's where the LP haem is re-reduced between ﬂashes.
3.7. Quinol diffusion from RC to the bc1 complex
This issue was addressed by using the method described in [19],
monitoring the time course for the photo-reduction of haem bh in the
presence of antimycin A. This experiment was done using isolated
membranes, sincewe found that cells were insensitive to the addition of
inhibitors (antimycin, myxothiazol or stigmatellin). Ferrocene (150 μM)
was used as an electron donor to the RC. In the presence of this
substance, the redox poise was about 380 mV, so that the quinone pool
was fully oxidised and so was the high potential chain (cytochrome c1
and the FeS centre) of the bc1 complex. Under such conditions, the
arrival of a quinol at the Q0 (quinol oxidising) site of the complex will
trigger the bifurcated reaction and inject an electron in the lowpotential
(b haem) chain. Due to the inhibition of theQi (quinone reducing) site by
antimycin A, this reaction can be monitored from the absorption
changes (561 nm–569 nm) associatedwith the reduction of haembh. No
signiﬁcant change was observed following the ﬁrst ﬂash on a dark-
adapted sample, since quinol is only liberated from the RC after the
second ﬂash. The kinetics observed after the second ﬂash are displayed
in Fig. 4D. The reaction could be ﬁtted by a single exponential with
t1/e∼260 ms. This reﬂects the time necessary for quinol to diffuse
within the membrane from the reaction centre to the cytochrome
bc1 complex. This measurement indicates that in photosynthetic
membranes, such as those imaged by AFM, the cytochrome bc1 is
functionally active and able to receive electrons from the reactioncentres via the quinone pool. However this process is rather slow. To
verify this very slow transfer we turned to the re-reduction of
cytochrome c with an oxidised quinone pool. Under such conditions
electrons for cytochrome c re-reduction must make their way from QB,
and thus the slowest step in the cycle can be probed. We therefore
examined the effect of benzoquinone treatmenton the time constant for
cytochrome c re-reduction. This treatment which oxidises the quinone
pool, and is believed to inhibit complex I, is able to slow the re-reduction
rate in R. sphaeroides cells to 13 ms with complete oxidation of the
quinonepool (DeRivoyre and Lavergne, unpublisheddata). Treatmentof
whole P. molischianum cells with 40 μM benzoquinone increased the
time constant for this reaction to 83ms, as opposed to 5 ms in reducing
conditions, however the pool appeared not to be completely oxidised as
typical binary oscillations were not observed. Treatment with 140 μM
benzoquinone further increased the time constant to 120 ms, but still
without completely oxidising the pool. These measurements conﬁrm
that inwhole cells under oxidising conditions quinol diffusion from the
reaction centre to the cytochrome bc1 is very slow.
3.8. Photoreduction of the quinone pool
Wehave investigated this issue by following the photo-oxidation of
the exogenous electron donor TMPD in the presence of inhibitors of
quinol oxidation (Fig. 5), as described in [18]. The time course for the
oxidation of TMPD under continuous illumination showed an initial
rapid rise followed by a long-lasting slower phase. Such a slow rise is
also observed in R. sphaeroides [18], where it could be suppressed by
adding propyl gallate (an inhibitor of the quinol oxidase). This led the
authors to attribute the slow rise to an electron ﬂow sustained by a
quinol oxidase. In the case of P. molischianum, our attempts to suppress
the slowphasewere unsuccessful andwe cannot decidewith certainty
whether it is due to an oxidase activity or to the presence of a
secondary pool of acceptors with slower diffusion or turnover (e.g.
ubiquinones initially located in distantmembrane regions or quinones
of lowermidpoint potentials as found inmany other species). From the
one electron per centre calibration of TMPD oxidation using a single
turnover ﬂash, we can estimate the quinone corresponding to the fast
phase as about 25 quinones (50 electrons) per RC.
3.9. Proton diffusion
To examine the connectivity between the periplasm and the inter-
membrane space of photosynthetic membranes, and thus possible
1558 C. Mascle-Allemand et al. / Biochimica et Biophysica Acta 1777 (2008) 1552–1559routes for proton transfer, we observed P. molischianum cells by
transmission electronic microscopy with and without terbium
chloride treatment. This lanthanide ion can cross the outer membrane
because of its small size but not the inner membrane because of its
charge. As shown in Fig. 6, the terbium was incorporated and
precipitated in both the periplasmic space and the intra-ICM space
in P. molischianum. This shows that the periplasm is continuous with
the entire intra-ICM space. Thus ions in, general and protons in
particular, can migrate throughout the periplasmic space going from
one membrane type to another.
4. Discussion
4.1. Composition of membranes
Analysis of the membrane composition and stoichiometry shows
that the membranes imaged by AFM [10], contain approximately 1
cytochrome bc1 dimer per 8 RC and a signiﬁcant pool of quinones
(∼25), in addition to the observed RC and LH2 components. Most of
the ATP-synthase was found associated with lighter membrane
fragments. Nevertheless, the data suggest that a minor fraction of
the enzyme is present in the MPB. The ATP-synthase was not
observed, however, in AFM imaging of membranes of P. molischianum,
or of R. photometricumwhich is expected to be very similar. While this
may be due to the scarcity of this protein, a similar difﬁculty remains
for the absence of the bc1 complex in the images of P. molischianum,
although the investigated membrane areas contained many more
than 8 RC's.
4.2. Functional analysis
It is of interest to consider whether the uncommon direction of
the electrochromic response of carotenoids in P. molischianum (a blue
shift [30], as also found for Chromatium vinosum [46]) can be
correlated with the known crystallographic structure of LH2 from
this species [28]. As pointed out by Matsuura and Shimada [30], the
origin of the blue shift cannot be ascribed to the nature of the major
carotenoids present in P. molischianum, since the same carotenoids are
found in R. photometricum, where a carotenoid red shift is observed.
The 3-D structure of P. molischianum LH2 [28] can be compared to that
of Rhodopseudomonas acidophila [47]. Examining of these crystal-
lographic structures reveals a difference in the carotenoid interaction
with the αβ polypeptide pair of the LH2 and also with the B800
bacteriochlorophyll. The sensitive and linear electrochromic response
of carotenoids to the membrane potential in photosynthetic mem-
branes is believed to originate from the presence of a strong local
permanent electric ﬁeld to which the light-induced ﬁeld is added
[46,48], although the molecular cause of this local polarisation
remains unknown. The permanent ﬁeld causes a red shift of the
pigments, so that depending whether the light-induced ﬁeld has the
same or opposite direction as the permanent polarisation, a red or
blue light-induced shift, respectively, will be observed. Tentatively, we
suggest that the difference in the interaction between the B800 BChl
Mg2+ ion and the carotenoid may be responsible for the difference in
polarisation of the carotenoids in the two structures.
The cytochrome c re-reduction kinetics and the phase III of the
electrochromic response both concord in giving an overall rate of
electron transfer from the quinol to the oxidised cytochrome c chain
through the cytochrome bc1 complex with a time constant of ∼5–
6 ms. It is not clear to what extent this rate is limited by the diffusion
or amount of cytochrome c2 that requires several rounds trips, or by
reactions within the cytochrome bc1 complex.
Under strong illumination the steady state turnover rate of the
cytochrome c2 can be calculated from the initial rate of haem re-
reduction as 40 e−1 s−1 RC−1, i.e. one turnover every 25 ms. This rate is
considerably slower than the 5msmeasured for the cytochrome c2 re-reduction following a single turnover ﬂash. We cannot decide with
certainty whether this effect results primarily from the slower
functioning of the bc1 complex under load conditions (i.e. the coupling
with the electrochemical gradient sustained at steady-state) or from
the diffusion-limited ﬂux of one or both of the mobile electron
shuttles (c2 and UQ). Quinone diffusion appears as a likely suspect,
however. The time required for the migration of quinol released from
the RC to the bc1 complex was about 260 ms. This is very slow (∼30
fold) compared to the data obtained on chromatophores of
R. sphaeroides under similar conditions and suggests a very different
organisation from the supercomplexes proposed for R. sphaeroides.
Comparison of the 25 ms e−1 steady state turnover rate and the
260 ms Q−1 single turnover rate suggests that about 20 quinones per
RC are involved in shuttling between the RC and cytochrome bc1
complexes. This is of a similar order to the amount apparently
available.
The ATP-synthase is not mainly located in the intracytoplasmic
photosynthetic membranes. The protonmotive force generated by the
photosynthetic machinery can, however, be used by enzymes located
at relatively long distances. We have shown that the intra-ICM space
and periplasm are functionally connected for diffusion. Diffusion rate
at the membrane interface as high as: 2.10−7 cm2 s−1 have been
reported [49], which allows 100 nm distances to be travelled on the
ms time scale. However, the time constant for the relaxation of the
alkalinisation generated by light in the partition regions (i.e. the space
between stacked membranes) of thylakoids grana (diameter
∼500 nm) is about 100 ms [50]. Depending on the relative rates of
proton diffusion in the space between stacked intracytoplasmic
membranes and that of quinone diffusion in the highly crowded
lipid phase of the photosynthetic regions, the overall process could be
limited by either phenomenon. A limiting proton ﬂux would be
responsible for a slowing of the Q-cycle process in cytochrome bc1
complexes. It is possible that both phenomena exert a similar control
over the system's performance, as often found as a result of evolution.
5. Conclusions
Analyses of the stoichiometry and electron transfer kinetics
indicate that the membranes imaged by AFM contain considerable
amounts of active cytochrome bc1 complexes. However these are
probably relatively far from the reaction centres in view of the slow
quinone/quinol diffusion times observed (260 ms) that is 30 times
slower than in R. sphaeroides [18].
It thus seems reasonable to hypothesise that the cytochrome bc1
complexes are excluded both from the para-crystalline LH2 domains
and from themixed LH2-core complex domains. It seems possible that
the cytochrome bc1 localises speciﬁcally to the margins of the discs,
regions that are hard to observe by AFM. Unfortunately although this
argument is perfectly reasonable in the case of P. molischianum or
R. photometricum it does not hold for other bacterial membranes
imaged by AFM, in particular the much studied R. sphaeroides where
chromatophores are expected to contain both ATP-synthase and the
cytochrome bc1 in close association with the RC [51].
We ﬁnd that the core clustering that is another aspect of the
observed organisation of the light-harvesting system leads to
connectivity between neighbouring reaction centres but excitations
appear to be unable to escape from core complexes back into
peripheral LH2 domains. These observations are consistent with the
hypothesis that core clustering and LH2 domains serve to promote
long distance quinone diffusion between the reaction centres and
cytochrome bc1 complexes [22].
Our results show that more than one solution is possible for the
organisation of the photosynthetic apparatus. While in some species
such as R. sphaeroides or R. rubrum small vesicles group together the
entire photosynthetic apparatus (possibly with a still more compact
organisation as supercomplex units) efﬁcient exciton electron and
1559C. Mascle-Allemand et al. / Biochimica et Biophysica Acta 1777 (2008) 1552–1559proton transfer can be achieved in a different way in other species
such as P. molischianum and probably R. photometricum in which the
different parts of the system aremore segregated and distant from one
another.
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